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Abstract. Interactions between soil invertebrates and microorganisms are essential for the functioning of soil 
ecosystems as they affect organic matter degradation and nutrient cycling. To extend the understanding of the 
composition of the microbial community in the guts of soil invertebrates in the alpine area, specimens of two 
of the important macrodecomposers that occur in alpine pastureland, Cylindroiulus fulviceps (Latzel, 1884) 
(Diplopoda: Julidae) and Lumbricus rubellus Hoffmeister, 1843 (Annelida: Lumbricidae), were collected in the 
field. Anaerobic bacteria from the excised guts of both animals were cultivated and identified using partial 16S
rRNA gene sequencing. A number of characteristic but different facultative anaerobic bacteria were isolated 
from the intestinal tracts of the earthworms and diplopods. The cultivation-dependent approach was combined 
with a molecular fingerprinting technique, PCR- DGGE (Polymerase Chain Reaction- Denaturing Gradient Gel
Electrophoresis), in order to obtain more detailed information on the community structure of the gut microbiota. 
Fingerprinting profiles not only revealed that the gut microbiota of the earthworm L. rubellus differed from that 
of the millipede C. fulviceps, but moreover showed a seasonal shift within the banding patterns. 
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INTRODUCTION

Of the litter decomposing animals earthworms and millipedes are dominant species and are 
directly involved in the decomposition processes by fragmenting litter and indirectly by regu-
lating microbial growth through their digestive activities (Byzov et al. 1996, Adejuyigbe et al. 
2006). Soil invertebrates harbour a complex microbial community in their guts, which plays an 
important role in the recycling of organic matter (König 2006). The earthworm gut is considered 
to be rich in anaerobic microbial processes, as their gut environment is nearly equally suitable 
for aerobic and anaerobic microbial growth (Karsten & Drake 1995). In contrast, the gut system 
of millipedes has moderately reduced conditions; it is not completely anaerobic but microaer-
ophilic (Byzov 2006). Due to the anaerobic or microaerophilic conditions in the intestines of the 
two macrodecomposers, it is likely they harbour (facultative) anaerobic microorganisms in their 
digestive tracts. Knowledge about their gut microbiota is sparse, as earlier studies investigating 
the composition of the intestinal microbiota of these invertebrates were mostly based on aerobic 
cultivation methods (Krištůfek et al. 1993, Karsten & Drake 1995, Byzov et al. 1996). 
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The aim of this study was thus to characterize the anaerobic bacteria within the gut of Cylin-
droiulus fulviceps (Diplopoda) and Lumbricus rubellus (Lumbricidae), two abundant decomposer 
species in alpine pastureland that have an important role in the process of decomposition in this 
sensitive ecosystem (Seeber et al. 2005). Cultivation techniques were combined with molecular 
PCR-DGGE fingerprinting analyses to extend the knowledge on the composition of the gut micro-
biota of Cylindroiulus fulviceps (Diplopoda) and Lumbricus rubellus (Lumbricidae).

MATERIAL AND METHODS

Sample collection and preparation
Specimens of C. fulviceps and L. rubellus were collected in June and July 2008 at an alpine mat-grass meadow at Kasers-
tattalm (1800–2000 m a. s. l., Stubai Valley, Austria, 47° 07.5’ N, 11° 17.4’ E). Whereas cattle were not present when first
sampled, cattle were grazing at Kaserstattalm when sampled the second time. After transportation to the laboratory five
animals of each species had their surfaces disinfected with ethanol (70%), then frozen at –80 °C for 30 min and dissected 
under aseptic conditions. The gut content of each animal was directly placed into a sterile 1.5 mL microcentrifugation tube 
and was immediately fumigated with 100% N2 to displace oxygen. Each gut sample was separately used for cultivation and 
DNA extraction in order to obtain independent replicates. The gut samples of L. rubellus collected in June were labelled 
LR1 and those collected in July LR2, those of C. fulviceps were labelled correspondingly CF1 and CF2. 

DNA extraction 
For analysing the bacterial communities within the guts of L. rubellus and C. fulviceps total DNA was extracted from the 
gut samples (LR1s, LR2s; CF1s, CF2s) using the PowerSoilTM DNA isolation Kit (MO BIO Laboratories, Inc. Carlsbad, 
US). Before following the instructions of the manufacturer’s protocol the samples were twice frozen at – 80 °C for 1 h 
and thawed in a water bath at 37 °C for 30 min. 

PCR-DGGE analyses
PCR-DGGE analyses using universal bacterial primer set 338fGC-518r were performed as described in Knapp et al. (2008). 
DGGE banding patterns were afterwards normalised and analyzed using the GelCompar II software package, version 
4.0 (Applied Maths, Ghent, B). Calculation of the pair-wise similarities was based on the Dice correlation coefficient.
Dendrograms were created using the algorithm of Ward (Legendre & Legendre 1998).

Anaerobic cultivation and isolation of bacterial strains
Gut samples were diluted in 0.95 % (w/v) NaCl solution and serial dilutions ranging from 10–3 to 10–5 were plated onto 
nutrient agar plates in triplicate. The medium was modified from Schädler et al. (1965) being composed of tryptone 10 
g l–1, peptone of casein 5 g l–1, yeast extract 5 g l–1, glucose 5 g l–1, L-cysteine 2.5 g l–1 and agar 10 g l–1. Immediately 
after pouring the plates were placed in anaerobic jars in a N2 atmosphere and Anaerocult® A bags (Merck Chemicals, G) 
were added to the jars to bind the remaining oxygen. Agar plates were incubated for 14 d at 15 °C, which corresponds to 
the average soil temperature at the research site during the vegetation period. Colonies on the agar plates were selected 
according to morphological characteristics such as colour, shape and type of growth, and subcultured to obtain pure 
cultures. A total of 55 and 53 cultures were isolated from the gut contents of L. rubellus and C. fulviceps, respectively. 
The samples were numbered and the abbreviations L for the gut content of L. rubellus and C for the gut content of C. 
fulviceps were added to provide information about their origin.

Screening of isolates 
DNA from the isolated bacteria was extracted by freezing-thawing (10 min at 100 °C, 60 min at –80 °C, 30 min at 
65 °C). If amplifiable DNA could not been obtained by this method, DNA was extracted using the GenElute Bacterial
Genomic DNA kit (Sigma-Aldrich, US). Subsequently, bacterial DNA was amplified with universal bacterial primer set
338fGC-518r and screened using DGGE (as described before for genomic DNA extracts). DNA from bacterial cultures 
that showed a unique banding pattern in DGGE profiles were re-amplified with universal bacterial primer set 8f/1492r
(Loy et al. 2002), purified using the NucleoSpin® Extract II Kit (Machery&Nagel GmbH & Co. KG, Düren, G) and 
sequenced (Eurofins MWG Operon, G).

Phylogenetic analysis
DNA sequences were trimmed to a length of 700 bp using the ChromasPro software package (version 1.34, Technelysium 
Pty Ltd, Au) and NAST-aligned with reference sequences using Greengenes (DeSantis et al. 2006). Maximum parsimony 
analysis was performed using the MEGA 4 software package, version 3.1 (Kumar et al. 2008). The consistency of the 
tree was validated by bootstrapping (n=1000).
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RESULTS

Identification of cultivable anaerobic microorganisms
More than 100 pure cultures from the gut microbiota of L. rubellus and C. fulviceps were isola-
ted anaerobically. All bacteria isolated from L. rubellus were affiliated to members of the phyla
Firmicutes and Actinobacteria, whereas bacteria belonging to the phylum Proteobacteria were 
additionally found in the intestinal tract of C. fulviceps (Fig. 1). These isolates were affiliated to

Fig. 1. Maximum parsimony tree of partial 16S rRNA gene sequences depicting the phylogenetic relationships of bacteria 
isolated from the intestinal tracts of Cylindroiulus fulviceps (C) and Lumbricus rubellus (L). Numbers at nodes represent 
bootstrap values based on 1000 replications. Sulfolobus sp. (Archaea) was used as the out-group in the construction of 
this tree.
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the family Enterobacteriaceae (Gammaproteobacteria), with one sequence representing a previ-
ously uncultured bacterium and the other attributed to Budvicia aquatica (Gammaproteobacteria; 
Enterorobacteriales; Enterobacteriaceae). Cellulomonas sp. (Actinobacteria; Actinomycetales; 
Cellulomonadaceae) was most frequently found among the screened pure cultures derived from 
the gut contents of L. rubelllus.

PCR-DGGE analysis of the gut microbiota of L. rubellus and C. fulviceps
DGGE was applied as a fingerprinting technique to reveal the bacterial community structure
within the gut of the two invertebrate species sampled on two different dates. Cluster analysis of 
the fingerprints revealed two distinct clusters according to the invertebrate species (Fig. 2), each 
with two sub-clusters for the sample dates. Bacterial DGGE banding patterns of the gut microbiota 
of L. rubellus were more diverse than those of C. fulviceps, with diversity increasing from the 
first to the second sample for both invertebrate species. Samples derived from the second sample 
thereby displayed an increase in bands in the lower part of the gel, indicating the emergence of 
GC-rich organisms. Despite the differences in the intestinal microbiota in the two species and on 
different dates, common band positions were found within the DGGE banding profiles.

Fig. 2. Cluster analysis of bacterial DGGE fingerprints based on 16S rRNA extracted from the intestinal tracts of Cylin-
droiulus fulviceps (CF) and Lumbricus rubellus (LR). Samples labelled CF1 and LR1 were collected in June 2008 and 
CF2 and LR2 in July 2008. Values at the branches of the dendrograms indicate the percentage similarity, based on the 
Dice correlation coefficient.
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DISCUSSION

In the present study, the structures of the bacterial communies in the intestinal tract of the millipede 
C. fulviceps and the earthworm L. rubellus were investigated using an anaerobic cultivation and 
molecular fingerprinting. The bacteria isolated from L. rubellus were identified as facultative ana-
erobic species of the genera Bacillus (Firmicutes), Oerskovia (Actinobacteria) and Cellulomonas 
(Actinobacteria) (Fig. 1), with Cellulomonas sp. (Actinobacteria; Actinomycetales; Cellulomona-
daceae) being most frequently recorded in the screened pure cultures. The genera Cellulomonas 
and Oerskovia (Actinobacteria) are previously recorded from the guts of termites, where they 
have a carbomethylcellulase (CMC) degrading potential (Wenzel et al. 2002). As the gut of ear-
thworms might harbour mobile anaerobic microsites in otherwise well-aerated soils (Karsten & 
Drake 1995), it can be assumed that facultative anaerobes find better environmental conditions in
the earthworm’s intestinal tract than strict anaerobes. Besides harbouring members of the phyla 
Firmicutes (Bacillales and Clostridiales) and Actinobacteria (Actinomycetales), the diplopod gut 
was colonised by representatives of the family Enterobacteriaceae (Proteobacteria), which are 
reported dominating the gut microbiota of millipedes (Byzov 2006). A bacterium closely related 
to the genus Budvicia (Gammaproteobacteria; Enterobacteriales; Enterobacteriaceae) was the most 
dominant organism in the gut samples of C. fulviceps as previously recorded in bands excised from 
DGGE fingerprinting profiles of the gut microbiota of C. fulviceps (Knapp et al. 2009).

Comparing the DGGE fingerprints of the gut microbiota of both animals there is an increase in
the number of different bands from the first to second sample, which indicates there was a higher
bacterial diversity in the samples collected in July than in June (Fig. 2). This shift within the 
composition of the bacterial community might be due to the higher temperatures in July. Karsten 
& Drake (1995) suggest that microbial growth potentials in the guts of earthworms are sensitive 
to elevated temperatures. Moreover, the quality of ingested organic material plays an important 
role in the decomposition processes (Doube & Brown 1998). Changes in food quality not only 
have an effect on macrodecomposers, but together with the chemical composition of the organic 
material, the composition of its attached microbial community is also affected (Bardgett et al. 
1998). As a consequence of cattle grazing the alpine pastureland at the beginning of summer, the 
diet of these two species of invertebrate shifts from grass litter to fresh cow dung, which is already 
pre-digested. This diet shift also affects the macrodecomposers’ gut microbiota and might thus 
contribute to a more diverse microbial community. 

The results presented indicate that despite the similar feeding conditions the gut microbiota of 
the earthworm L. rubellus differed from that of the millipede C. fulviceps. Facultative anaerobic 
bacteria that might display specific degrading potentials were present in the guts of both macrode-
composers. The composition of the microbial community of the intestinal tract of L. rubellus and 
C. fulviceps changed between June and July, indicating that the environmental conditions affected 
both macrodecomposers and their gut microbiota. This finding improves the understanding of
microorganism-macrodecomposer relationships in alpine meadows, an issue intimately connected 
to the the process of decomposition occuring in soil ecosystems in the Central Alps.

A c k n o w l e d g e m e n t s

The study was supported by FWF grant P18520-B16. We would like to thank Alexander Rief for assistance with the 
sampling and dissection of animals.

REFERENCES

ADEJUYIGBE C.O., TIAN G. & ADEOYE G.O. 2006: Microcosmic study of soil microarthropod and earthworm interaction in 
litter decomposition and nutrient turnover. Nutrient Cycling in Agroecosystems 75: 47–55.



122

BARDGETT R.D., WARDLE D.A. & YEATES G. W. 1998: Linking above-ground and belowground food webs: how plant 
responses to foliar herbivory influence soil organisms. Soil Biology and Biochemistry 30: 1867–1878.

BYZOV B. A., CHERNJAKOVSKAYA T. F., ZENOVA G. M. & DOBROVOLSKAYA T.G. 1996: Bacterial communities associated with 
soil diplopods. Pedobiologia 40: 67–79.

BYZOV B. A. 2006: Intestinal microbiota of millipedes. Pp.: 89–114. In: KÖNIG H. & VARMA A. (eds.): Intestinal 
Microorganisms of Soil Invertebrates. Heidelberg: Springer Verlag, 403 pp.

DESANTIS T. Z., HUGENHOLTZ P., LARSEN N., ROJAS M., BRODIE E. L., KELLER K., HUBER T., DALEVI D., HU P. & ANDERSEN 
G. L. 2006: Greengenes, a chimera- checked 16S rRNA gene database and Workbench compatible with ARB. Applied 
Environmental Microbiology 72: 5069–5072.

DOUBE B. M. & BROWN G. G. 1998: Life in a complex community: Functional interactions between earthworms, organic 
matter, microorganisms and plants. Pp.: 179–211. In: EDWARDS C. A. (ed.): Earthworm Ecology. Boca Raton: CRC 
Press, 441 pp.

KARSTEN G. R. & DRAKE H. L. 1995: Comparative assessment of the aerobic and anaerobic microflora of earthworm guts 
and forest soils. Applied Environmental Microbiology 61: 1039–1044.

KNAPP B. A., SEEBER J., PODMIRSEG S. M., MEYER E. & INSAM H. 2008: Application of denaturing gradient gel electrophoresis 
(DGGE) for analysing the gut microflora of Lumbricus rubellus Hoffmeister under different feeding conditions. Bulletin 
of Entomological Research 98: 271–279.

KNAPP B. A., SEEBER J., PODMIRSEG S. M., RIEF A., MEYER E. & INSAM H. 2009: Molecular fingerprinting analysis of the 
gut microflora of Cylindroiulus fulviceps (Diplopoda). Pedobiologia 52: 325–336.

KÖNIG H. 2006: Bacillus species in the intestine of termites and other soil invertebrates. Journal of Applied Microbiology 
101: 602–627.

KRIŠTŮFEK V., RAVASZ K. & PIŽL V. 1993: Actinomycete communities in earthworm guts and surrounding soil. Pedobiologia 
37: 379–384.

KUMAR S., DUDLEY J., NEI M. & TAMURA K. 2008: MEGA: A biologist-centric software for evolutionary analysis of DNA 
and protein sequences. Brief Bioinform 9: 299–306.

LEGENDRE P. & LEGENDRE L. 1998: Numerical Ecology. Second English Edition. Amsterdam: Elsevier Science, 870 pp.
LOY A., LEHNER A., LEE N., ADAMCZYK J., MEIER H., ERNST J., SCHLEIFER K. & WAGNER M. 2002: Oligonucleotide microarray 

for 16S rRNA gene-based detection of all recognized lineages of sulfate-reducing prokaryotes in the environment. 
Applied Environmental Microbiology 68: 5064–5081.

SCHÄDLER R. W., DUBOS R. & CASTELLO R. 1965: The development of bacterial flora in gastrointestinal tract of mice. 
Journal of Experimental Medicine 122: 59–66.

SEEBER J., SEEBER G.U.H., KÖSSLER W., LANGEL R., SCHEU S. & MEYER E. 2005: Abundance and trophic structure of 
macrofauna decomposers on alpine pastureland (Central Alps, Tyrol): effects of abandonment of pasturing. Pedobiologia 
49: 221–228.

WENZEL M., SCHÖNIG I., BERCHTHOLD M., KÄMPFER P. & KÖNIG H. 2002: Aerobic and facultatively anaerobic cellulolytic 
bacteria from the gut of the termite Zootermopsis angusticollis. Journal of Applied Microbiology 92: 33–40.


